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Abstract The gastrointestinal (GI) tract is home to trillions
of microbes. Within the same GI tract, substantial differ-
ences in the bacterial species that inhabit the oral cavity and
intestinal tract have been noted. While the influence of host
environments and nutritional availability in shaping differ-
ent microbial communities is widely accepted, we hypoth-
esize that the existing microbial flora also plays a role in
selecting the bacterial species that are being integrated into
the community. In this study, we used cultivable microbial
communities isolated from different parts of the GI tract of
mice (oral cavity and intestines) as a model system to
examine this hypothesis. Microbes from these two areas
were harvested and cultured using the same nutritional
conditions, which led to two distinct microbial communi-
ties, each with about 20 different species as revealed by
PCR-based denaturing gradient gel electrophoresis analysis.
In vitro community competition assays showed that the two
microbial floras exhibited antagonistic interactions toward
each other. More interestingly, all the original isolates tested
and their closely related species displayed striking commu-
nity preferences: They persisted when introduced into the
bacterial community of the same origin, while their viable
count declined more than three orders of magnitude after
4 days of coincubation with the microbial flora of foreign
origin. These results suggest that an existing microbial
community might impose a selective pressure on incoming
foreign bacterial species independent of host selection. The
observed inter-flora interactions could contribute to the
protective effect of established microbial communities
against the integration of foreign bacteria to maintain the
stability of the existing communities.
Introduction
Gastrointestinal (GI) tract-associated indigenous microbiota
often co-evolve with their hosts and has been shown to play
important roles in the host’s health and disease [18, 19, 26].
Classical 16S rRNA gene sequence analyses and recent
metagenomic studies in the mouse and human GI tract
microbiomes revealed complex ecosystems comprised of
large numbers of microbial species, including bacteria,
archaea, yeast, and fungi, with bacteria being the most
dominant residents [1, 12, 30, 31, 39, 41, 42].
The human intestinal microbiota contains thousands of
different bacterial species. This diverse community is a very
important part of the GI tract and has been regarded as an
essential “organ.” It carries critical functions in digesting
unutilized substrates [37], training the immune system [7],
protecting against epithelial cell injury [32], and repressing
pathogenic microbial growth [14]. On the other hand, the
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pathogenic conditions, such as cancer [14] and inflamma-
tory bowel disease [15, 22]. Additionally, the intestinal
microbial flora has been linked to certain persistent health
conditions including obesity [20].
The human oral cavity is an important part of the GI tract
which harbors more than 700 bacterial species and thereby
represents another very complex endogenous microbial flora
[1, 17, 29]. The study of the oral cavity-associated microbial
flora has been predominantly focused on their implication on
oral diseases such as dental caries and periodontitis [10, 23,
26, 36]. More recently, a number of oral species have been
suggested to be involved in a number of chronic diseases,
including cardiovascular diseases [2], osteomyelitis [11], and
bacterial endocarditis [3]. Although beneficiary roles have
been suggested for the oral microflora, conclusive evidence
remains to be provided.
Even though both oral cavity and intestinal tract are parts
of the same GI tract and most, if not all, of the GI tract-
associated microbes are initially introduced through the oral
cavity [28], recent community studies have noted substan-
tial differences in the bacterial species that inhabit the oral
cavity and intestinal tract [25, 29, 31]. One of the
fundamental questions regarding the GI tract-associated
microbiota is how microbial communities are formed and
maintained [19]. The current concept proposes that the
establishment of endogenous microbial flora is mainly
shaped by the following two effects: (1) the legacy effect,
which refers to the inheritance of microflora from a parent,
or the microbial composition in the local environment [19]
and (2) the host habitat effect, which is the distinct selective
pressure derived from the specific micro-environment
within the hosts, such as their anatomical structures,
available nutrients, and local immune properties [33].
In this study, we hypothesize that the existing host-
associated microflora contributes to its own shaping and
maintenance by selecting the bacterial species that are being
integratedintothecommunity(“communityselection”effect).
Totestthishypothesis,weestablishedaninvitroexperimental
system with microbial communities derived from the oral
cavity and intestines of mice under the same nutritional
conditions to minimize the legacy and host habitat effects.
These in vitro model communities were used to study the
interactions between the oral and gut microbial floras.
Materials and Methods
Preparation of BHI-Cultivable Microbial Flora from Mice
Oral and Intestinal Samples
Five male C57BL/6 mice were kept individually in cages
with wood chips bedding. They were fed a commercial diet
(Halan-Teklad Ltd., Madison, WI, USA) and distilled water
ad libitum. Mice were sacrificed at 20 weeks of age. The
oral cavity was rinsed twice with 500 μl phosphate-
buffered saline (PBS) buffer; the mandible with two
incisors and six molars were removed and immersed in
1.5 ml of PBS buffer containing the previous oral rinse.
Ultra-sonication (power output 60 W) was applied for 20 s
to disperse the attached microorganisms, and samples from
the five animals were pooled. The cecum contents of the
five mice were collected, pooled, and resuspended in PBS
buffer.
Various rich media were evaluated and brain heart
infusion (BHI) medium (Difco) supplemented with hemin
(5 μg/ml), vitamin K (0.5 μg/ml), sucrose (0.1%), mannose
(0.1%), and glucose (0.1%; simply referred to as BHI in
this study) was the final choice as it was able to support the
growth of both oral and intestinal bacterial communities
with similar high microbial diversity (refer to result
section). Cultures were incubated at 37°C under micro-
aerobic conditions (nitrogen 90%, carbon dioxide 5%,
oxygen 5%) until turbid. Frozen stocks for each cultured
flora were prepared by adding glycerol to the samples to a
final concentration of 25%. Samples were stored at −80°C
as the stock of BHI-cultivable oral cavity and intestinal
microbial floras.
Isolation and Identification of Bacterial Species from Oral
and Intestinal Samples
Stocks of BHI-cultivable oral and intestinal microbial flora
were diluted in BHI medium and seeded on BHI agar plates
supplemented with hemin and vitamin K. The plates were
incubated for 5 days at 37°C under microaerobic con-
ditions. Potentially different bacterial species were picked
from the plate based on their differences in morphology,
pigmentation, and the incubation time for colonies to
appear. Individual colonies were grown in supplemented
BHI at 37°C under microaerobic conditions until turbid.
Bacterial cells were collected, and genomic DNA of each
isolate was prepared using the MasterPure™ DNA purifi-
cation kit (EPICENTRE, Madison, WI, USA).
For species identification, the universal bacterial 16S
rDNA primer pair, 27F and 1492R [24], was used to
generate an approximately 1,500-bp amplicon. Each 50 μl
PCR reaction mixture contained 20 ng of genomic DNA,
200 μM of each dNTP, 4.0 mM MgCl2, 100 nM of each
primer, 5 μl of 10× PCR buffer, and 2.5 U of Taq
polymerase (Invitrogen). PCR conditions were as follows:
3 min at 94°C for initial denaturation and 27 cycles of 94°C
for 1 min, 50°C for 1 min, and 72°C for 2 min and a final
chain elongation at 72°C for 5 min. PCR products were
purified using the QIAquick PCR purification kit (Qiagen)
and sequenced at the UCLA Core DNA Sequencing
666 X. He et al.Facility. Obtained sequences were subjected to BLAST
searches against the NCBI and ribosomal database. Alto-
gether, 10 and 11 different bacterial species were isolated
from oral and intestinal samples, respectively.
Community Competition Assay
Original microbial mixtures cultivated from mice were used
to establish in vitro intestinal (I-mix) and oral (O-mix)
communities. Since biofilms are the most prevalent mode
of microbial life in most settings, we attempted to grow
both oral and intestinal bacterial communities in their
biofilm forms. However, under the conditions we tested,
the oral microbial flora formed biofilms, while intestinal
flora was unable to do so. We therefore followed a
previously described model system in which bacteria are
pelleted [16] to most closely mimic biofilm-like conditions
and enable interspecies interactions. To confirm that these
pelleted communities exhibit similar traits as biofilm grown
communities, we compared both conditions for the oral
community and found no significant difference in commu-
nity composition and foreign flora exclusion behavior.
1. Establishing the In Vitro Intestinal Community (I-mix):
An overnight culture of the original BHI-cultivable
intestinal microbial mixture isolated in this study was
diluted 1:100 into fresh supplemented BHI medium and
distributed into 15-ml conical tubes. The cultures were
incubated at 37°C under microaerobic condition until
the cell density reached an OD600 of about 1. Cells
were harvested and diluted to an OD600 of 0.5 into
fresh medium, and 1.5 ml of the diluted culture was
pelleted again by centrifugation at 3,000×g for 1 min to
form cell pellets. Tubes with cell pellets were incubated
microaerobically at 37°C overnight to allow establish-
ment of the in vitro intestinal microbial community. For
time course experiments, multiple tubes with identical
intestinal communities were inoculated at the same
time, and individual samples were processed at each
time point.
2. Establishing the In Vitro Oral Community (O-mix): An
overnight culture of the oral microbial mixture was
diluted 1:100 into fresh supplemented BHI medium,
and 100 μl of the bacterial suspension containing about
10
6 cells were seeded into six-well plates with 1.5 ml
supplemented BHI medium in each well. Plates were
incubated overnight at 37°C under microaerobic con-
ditions to allow biofilm formation of the oral microbial
community. Multiple wells with identical oral commu-
nities were inoculated, and the complete sample from
one well was processed at each time point. Alterna-
tively, the oral microbial community was allowed to
establish in pellet form as indicated in the previous
section for the intestinal microbial community to
determine if the community composition is affected
by the mode of growth (biofilm vs pellet).
To examine community level competition, the respective
foreign flora was then added at an equal number to the pre-
established communities described above. To determine
bacterial numbers of the pre-established communities, CFU
counts were performed on samples inoculated under the
same experimental conditions 1 day prior to setting up the
experimental communities. Based on these CFU counts,
I-mix and O-mix overnight cultures were adjusted to an
equal number in 1.5 ml fresh supplemented BHI and added
to the relevant foreign community. Cultures were incubated
at 37°C microaerobically, and samples were collected every
48 h over a 4-day time period. To account for the entire
community, the biomass of the biofilms was meticulously
scraped off the bottom of the well using a sterile spatula.
The resulting suspension containing the detached biofilm
cells as well as the unattached cells from the supernatant
was transferred into a sterile tube. Cells collected from
biofilm and pellet experimental setups were spun down at
14,000×g for 5 min. Samples were treated with ethidium
monoazide bromide (EMA) prior to DNA isolation using
the MasterPure™ DNA purification kit (EPICENTRE,
Madison, WI, USA) to minimize the impact of non-viable
cells prior to PCR-based denaturing gradient gel electro-
phoresis (PCR-DGGE) analysis. Two biological replicates
were performed for each assay.
Community Integration Assay
The original strains isolated from the mice oral and
intestinal communities and closely related bacterial strains
carrying antibiotic resistance markers to allow enumeration
on selective plates were examined in the community
integration assay.
The following two methods were employed to monitor
the ability of selected species to integrate into pre-existing
communities:
1) PCR-DGGE analysis. Overnight cultures of individual
oral (Staphylococcus epidermidis-OI100 and Strepto-
coccus salivarius- O I 1 0 1 )o ri n t e s t i n a l( Enterococcus
faecalis-II100 and Lactobacillus animalis-II101)
strains isolated in this study were adjusted to an
OD600 of about 1 and added to the pre-established oral
or intestinal microbial communities as described
a b o v eb u ta ta1 : 1 0s p e c i f i cs p e c i e s - t o - c o m m u n i t y
ratio in cell numbers. Co-cultures were incubated over
a 6-day time period, and samples were collected every
2 days by centrifugation. The harvested samples were
treated with EMA prior to total genomic DNA
isolation for further PCR-DGGE analysis to monitor
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nity. Two biological replicates were performed for
each assay.
2) Viability count. To obtain quantitative data, a S.
salivarius strain (S. salivarius 57.I-ΔureC::kan)[ 8]
carrying a kanamycin resistance marker and an E.
faecalis strain (E. faecalis OG1SSp) [9] carrying a
spectinomycin resistance marker were used as repre-
sentative oral and intestinal bacterial species in the
community integration assay as described above.
Although they were not original species isolated in
this study, these two strains were closely related to
isolated oral (S. salivarius-OI101) and intestinal
(E. faecalis-II100) strains. Co-cultivation samples were
taken periodically as described, subjected to serial
dilution and plated onto selective and non-selective
supplemented BHI agar plates. Plates were incubated
for 4 days at 37°C under microaerobic condition before
colonies were counted. Three replicate experiments
were performed.
Examination of Species Composition Required
for Inhibitory Effect
Overnight cultures of the four most abundant original oral
isolates, including Staphylococcus aureus, Lactobacillus
murinus, S. salivarius, and S. epidermidis, as well as the
original O-mix were used to establish biofilms containing
either mono-species (Streptococcus oralis or L. murinus),
defined multi-species (S. oralis, L. murinus, S. salivarius,
and S. epidermidis), or the whole cultivable oral mix
following the procedures described above. E. faecalis
OG1SSp was used as a representative of intestinal bacterial
species to test the inhibitory effect exerted by each type of
biofilm. E. faecalis OG1SSp was added to the pre-formed
biofilms in a 1:10 cell number ratio.
Similarly, overnight cultures of selected original intesti-
nal isolates, including L. animalis, E. faecalis, Escherichia
coli,a n dBacteroides caccae,a sw e l la st h eo r i g i n a l
intestinal mix were used to establish pellet communities
as described above containing either selected mono-species
(L. animalis and E. faecalis), defined multi-species (L.
animalis, E. faecalis, E. coli, and B. caccae), or the whole
cultivable intestinal mix. The oral representative S. salivar-
ius strain (S. salivarius 57.I-ΔureC::kan)c a r r y i n ga
kanamycin resistance marker was added to pre-formed
intestinal community in a 1:10 cell number ratio.
Co-cultures for both setups were incubated for a total
time period of 4 days. Samples were taken every 2 days,
subjected to serial dilution, and plated onto selective and
non-selective supplemented BHI agar plates. Plates were
incubated for 4 days at 37°C under microaerobic condition
before colonies were counted. Three replicates were
performed for each assay
Spent Medium Assay
Oral and intestinal microbial communities were established
as described above (as biofilm or pellet for oral and
intestinal community formation, respectively). After 48 h
of incubation, bacterial cells were pelleted, and super-
natants (spent medium) were collected and filter-sterilized.
The oral (S. salivarius-OI101) and intestinal (E. faecalis-
II100) strains isolated in this study were inoculated into
both oral and intestinal spent medium, and viability counts
were monitored for both strains in the two different spent
media every 48 h. Three replicates were performed for each
assay.
EMA Cross-linking
To prevent amplification of DNA from dead bacterial cells
and limit DNA-based PCR-DGGE community analysis to
the viable fraction, the collected bacterial samples were
treated with EMA prior to DNA extraction. By treating live
and heat-killed Gram-positive (Streptococcus mutans) and
Gram-negative (E. coli) bacteria with different concentra-
tions of EMA, we found that EMA, at a final concentration
of 100 μg/ml, was able to effectively bind DNA from
10
8 CFU/ml dead cells and remove the PCR signal from
DNA of dead cells, without significantly affecting PCR
signal from live cells. EMA cross-linking was performed
as described previously [27]. Briefly, EMA (Biotium,
Hayward, CA, USA) was dissolved in water to a stock
concentration of 5 mg/ml and stored at −20°C in the dark.
EMA was added to the culture samples to a final
concentration of 100 μg/ml, and samples were incubated
in the dark for 5 min with occasional mixing before
samples were incubated on ice and light-exposed for 1 min
using a 650-W halogen light source placed about 20 cm
from the samples. After photoinduced cross-linking, bacte-
rial cells were collected by centrifugation at 5,000×g for
5 min, followed by total genomic DNA isolation.
Genomic DNA Isolation
Total genomic DNA of BHI-cultivable isolates and micro-
bial mixture was isolated using the MasterPure™ DNA
purification kit (EPICENTRE, Madison, WI, USA). Sam-
ples harvested from inter-flora competition and community
integration assays were treated with EMA before total
genomic DNA was isolated. DNA quality and quantity
were measured by a UV spectrophotometer at 260 and
280 nm (Spectronic Genesys™, Spectronic Instrument, Inc.
Rochester, New York, USA).
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Amplification of bacterial 16S rRNA genes by PCR was
carried out as described previously by Li et al. [21]. Briefly,
the universal primer set, Bac1 and Bac2, was used to amply
an approximately 300-bp internal fragment of the 16S
rRNA gene. A 40-nucleotide GC-clamp was added to the 5′
end of the Bac1 primer. Each 50 μl PCR reaction contains
100 ng of purified genomic DNA, 40 pmol of each primer,
200 μM of each dNTP, 4.0 mM MgCl2,5μl of 10× PCR
buffer, and 2.5 U of Taq DNA polymerase (Invitrogen).
Cycling conditions were 94°C for 3 min, followed by
30 cycles of 94°C for 1 min, 56°C for 1 min, and 72°C for
2 min, with a final extension period of 5 min at 72°C. The
resulting PCR products were evaluated by electrophoresis
in 1.0% agarose gels.
Polyacrylamide gels at an 8% concentration were
prepared with a denaturing urea/formamide gradient be-
tween 40% (containing 2.8 mol/L urea and 16% (v/v)
formamide) and 70% (containing 4.9 mol/L urea and 28%
(v/v) formamide). Approximately, 300 ng of the PCR
product were applied per well. The gels were submerged
in 1× TAE (Tris–Acetate–EDTA) buffer (40 mmol/L Tris
base, 40 mmol/L glacial acid acetic, 1 mmol/L EDTA), and
the PCR products were separated by electrophoresis for
17 h at 58°C using a fixed voltage of 60 V in the Bio-Rad
DCode System (Bio-Rad laboratories, Inc., Hercules, CA,
USA). After electrophoresis, the gels were rinsed and
stained for 15 min in 1× TAE buffer containing 0.5 μg/ml
ethidium bromide, followed by 10 min of de-staining in 1×
TAE buffer. DGGE profile images were digitally recorded
using the Molecular Imager Gel Documentation system
(Bio-Rad Laboratories, Hercules, CA, USA).
Analysis of DGGE Profiles
The same set of universal primers and PCR conditions were
applied to all genomic DNA samples purified from
cultivated microbial mixtures. The characterization of
microbial flora was performed based on PCR-generated
profiles of the 16S rDNA fragments on DGGE gels.
Diversity Fingerprint and Diversity Database Software
(BioRad), which have been widely applied in combination
with the BioRad Molecular Imager Gel Documentation
system to perform quantitative analysis of DGGE finger-
prints, were used to assess the diversity by comparing the
number of DGGE bands detected per lane. For the inter-
flora competition and community integration assays, bands
corresponding to specific bacterial species were monitored
by measuring the degree of intensity at each time point and
comparing with the band intensity at time zero. These
analyses were only applied to evaluate relative abundance
of the same species over time. Quantitative comparisons
across the different species with the samples were not
performed due to concerns regarding PCR amplification
bias.
Identification of Most Abundant Species in the Cultivated
Oral and Intestinal Microbial Flora
The most intense DNA bands were excised from the DGGE
gels and transferred to a 1.5 ml microfuge tube containing
10 μl of sterile ddH2O. Tubes were incubated at 4°C
overnight before the recovered DNA samples were re-
amplified with the universal primer set (Bac1 and Bac2).
The PCR products were then purified, sequenced, and
identified as described above.
Statistical Analysis
Significance of differences between average values was
analyzed by t tests using MS Excel.
Results
PCR-DGGE and Sequencing Analysis Revealed Distinct
Bacterial Profiles Between Cultivatable Oral and Intestinal
Microbial Flora from Mice
This study aims to test the hypothesis that an established
microbial community could impose selective pressure on
incoming bacterial species as a way to shape and maintain
the existing microbial community independent of host
selection. We established an in vitro experimental system
with microbial communities derived from the oral cavity
and intestines of mice under the same nutritional conditions
to minimize the legacy and host habitat effects. These
model communities were employed to study the interac-
tions between the oral and gut microbial floras.
The biodiversity of the BHI-cultivable microbial flora
from the mice oral and intestinal samples was first assessed
by PCR-DGGE analysis (Fig. 1). The banding pattern of
the cultivable microbial flora from the mice oral samples
was very distinct from the one displayed by the microbial
community cultivated from intestinal samples (Fig. 1a, first
two columns), indicating a clear difference in the compo-
sition of cultivable microbial flora between the mice oral
cavity and intestinal tract. A minimum of 20 distinct bands
from the oral sample and 18 bands from intestinal sample
were detected.
All 300-bp 16S-rDNA amplicons resulting in predomi-
nant bands during DGGE analysis were subjected to
sequence analysis and allowed identification of the
corresponding bacterial species either to the genus or
species level. The result, combined with full-length 16S
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revealed that Streptococcus spp. (such as S. salivarius),
Staphylococcus spp. (such as S. epidermidis), and Lacto-
bacillus spp. (such as L. murinus) are among the predom-
inant bacterial species that can be cultivated from the oral
cavity of mice, while E. coli, E. faecalis, and Lactobacillus
spp. (such as L. animalis) are among the abundant species
that can be detected in the cultivable intestinal microflora
under the experimental condition used.
The Existing Established Bacterial Communities Showed
Antagonistic Effects Against Incoming Foreign Bacterial
Flora
When the oral microbial mixture was allowed to establish
its community (O-mix) in biofilm form prior to addition of
the intestinal microbial flora, most of the major bands
corresponding to oral microbial community members
remained consistent in density (Fig. 1a), while the majority
of the bands representing intestinal microbes, such as I2
(E. faecalis) and I3 (E. coli), displayed an obvious reduction
in their density to various degrees (Fig. 1a and Supplemen-
tary Table S1). Similar results were obtained when the oral
microbial community was allowed to establish itself in a cell
pellet form instead of biofilm form, before intestinal
microbial flora was added (data not shown).
The in vitro competition assay also revealed that the pre-
established intestinal microbial community had a similar
antagonistic effect toward added oral microbial flora: Most
of the bands corresponding to the intestinal microbial
species, such as I1 (Lactobacillus spp.), I2 (E. faecalis),
and I3 (E. coli), did not change significantly during the
experimental period up to 4 days, while most of the bands
corresponding to oral bacteria, such as O1 (Staphylococcus
spp.), O3 (Lactobacillus spp.), and O4 (Streptococcus spp.),
were significantly reduced in their density (Fig. 1b and
Supplementary Table S1).
Oral and Intestinal Bacterial Isolates Are Excluded
from Communities of Foreign Origin
The results presented in Fig. 1 suggested that the incoming
BHI-cultivable mice oral and intestinal microbial flora
experienced an antagonistic effect by the respective pre-
existing foreign community. For a more detailed analysis,
we performed a community integration assay tracking the
survival of individual species in their original and a foreign
community. DGGE analysis of the oral and intestinal
communities as well as colony isolation revealed that in
this study, S. salivarius and S. epidermidis are among the
most frequently isolated species from the oral cavity, while
E. faecalis and L. animalis are species often cultivated from
the intestinal samples. These four isolates were chosen for
O1
O2
I1
I 2
O3
Intestinal  flora added to
established oral microbial community
I 3
O4
O5
A
O1
O2
O3
O4
I 1
I 2
Oral Intestinal Day 0 Day 2 Day 4
Oral Intestinal Day 0 Day 2 Day 4
Oral  flora added to established
intestinal microbial community
I 3
O5
B
Figure 1 Community level competition between cultivable oral and
intestinal microbial communities. a The oral microbial community
was allowed to establish in biofilm form before intestinal bacterial
mixture was added. b The intestinal microbial community was
allowed to establish in pellet form for 24 h prior to addition of the
oral bacterial mixture. Microbial profiles and changes in the banding
pattern of the mixed communities were monitored by PCR-DGGE.
For both setups, samples were taken every 2 days, EMA-treated, and
subjected to PCR-DGGE analysis. O1–O5 represent different oral
species; I1–I3 represent different intestinal microbes. Two biological
replicates were performed for each assay, and a representative gel
image is shown
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communities, and PCR-DGGE analysis was performed to
monitor the status of these isolates in different communi-
ties. PCR-DGGE analysis showed that the bands
corresponding to the two oral isolates remained constant
in intensity throughout the experimental time period when
co-cultivated with oral microbial flora, while co-cultivation
with the intestinal microbial community resulted in a drastic
reduction in amplicon intensity for both strains (Fig. 2a, b).
A similar pattern was observed for the two intestinal
isolates, which persisted quite well in the intestinal
community, but experienced a significant decline when
grown in the presence of oral flora (Fig. 2c, d).
In order to perform a more quantitative analysis, a
colony counting approach was used for confirming bacte-
rial community preferences. The strains S. salivarius 57.I
and E. faecalis OG1SSp carrying kanamycin and spectino-
mycin antibiotic marker, respectively, were chosen as
representatives of oral and intestinal bacterial species for
the community integration assay. Colony counting data
revealed that upon addition to the pre-existing intestinal
community, S. salivarius 57.I suffered a drastic reduction in
its viable count (Fig. 3). Its proportion relative to the total
intestinal bacteria count dropped from around 10 to less
than 0.03% after 4 days of co-cultivation, while no
significant change in the total bacterial count was apparent.
Furthermore, no decline was evident when S. salivarius was
added to the pre-existing oral biofilm community. Consis-
tent with these results, the intestinal representative strain,
E. faecalis OG1SSp, experienced a similar significant
reduction in viable count in the presence of an oral
community, while its population remained constant upon
incubation with the intestinal community (Fig. 3).
Maximum Inhibitory Effect Toward Foreign Bacteria
Required the Whole Community
In this study, we explore whether this community-based
antagonistic action toward foreign bacteria requires the
presence or the participation of the most of the community
members or if it could be exerted by individual species
within the original flora. To distinguish these possibilities,
an E. faecalis strain (OG1SSp) was chosen as the
representative of the intestinal community and co-
S. salivarius
 -OI101
E. faecalis
-II100
L. animalis
-II101
S. epidermidis
  -OI100
A B
C D
0     2      4      6
Time (day) Time (day)
Time (day)  Time (day)
O-mix I-mix  O-mix I-mix 
O-mix I-mix  O-mix I-mix 
0     2      4      6 0     2      4      6 0     2      4      6
0     2      4      6 0     2      4      6 0     2      4      6 0     2      4      6
Figure 2 PCR-DGGE analysis of community integration assay. Two
original oral isolates, S. epidermidis-OI100 (a) and S. salivarius-
OI101 (b), and two intestinal isolates, E. faecalis-II100 (c) and L.
animalis-II101 (d), were co-cultivated with either a pre-established
oral or intestinal community in a 1:10 isolate-to-mixture ratio in cell
numbers. Samples were taken every 2 days, EMA-treated, and
subjected to PCR-DGGE analysis to monitor the profiles of the tested
strains and whole communities. Two biological replicates were
performed for each assay, and a representative gel image is shown
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single oral isolates, a subset (mixture of four oral isolates), or
the whole cultivable oral flora (Fig. 4). The viability of E.
faecalis and the respective oral community members of the
different test conditions were monitored via CFU determi-
nation. The subset of oral microbial flora exerted much
stronger inhibition on E. faecalis than individual oral
isolates, and the maximum antagonistic effect was observed
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Figure 3 Viable count analysis of community integration assay. Oral
and intestinal representatives, S. salivarius-57.I and E. faecalis-
OG1SSp, were co-cultivated with the oral (O-mix) and intestinal
(I-mix) communities in a 1:10 isolate-to-community ratio in cell
numbers. The viability of the tested strains and the whole oral and
intestinal community was monitored every 48 h up to 4 days. The data
were expressed as percentage of viable count of tested strains to the
total viable count of the pre-established communities. Black bar
represents the percentage of S. salivarius/total oral community counts;
dark gray bar represents the percentage of S. salivarius/total intestinal
community count; light gray bar represents the percentage of E.
faecalis/total oral community count; and white bar represents the
percentage of E. faecalis/total intestinal community count. Three
replicates were performed for each viability count assay. Average
values±SD are shown. Star indicates that the value obtained for this
time point is significantly lower than at day 0 (P<0.05)
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Figure 4 Inhibitory effect of oral communities with different
biodiversity on the intestinal representative strain, E. faecalis-
OG1SSp. E. faecalis-OG1SSp was co-cultivated with biofilms of
single oral isolates (S. aureus or L. murinus), a subset of cultivable
oral flora including S. aureus, L. murinus, S. salivarius, and S.
epidermidis, or the whole cultivable oral microbial flora at a 1:10 ratio
in cell number. The viability count of the E. faecalis strain and total
oral bacterial cells was monitored every 48 h. The data were expressed
as percentage of viable count of E. faecalis in respect to the total
viable count of oral bacteria. Black bar represents the percentage of E.
faecalis/S. aureus counts; dark gray bar represents the percentage of
E. faecalis/L. murinus count; light gray bar represents the percentage
of E. faecalis/sub-oral flora count; and white bar represents the
percentage of E. faecalis/whole oral community count. Three
replicates were performed for each viability count assay. Average
values±SD are shown. Star indicates that the value obtained for this
time point is significantly lower than at day 0 (P<0.05)
672 X. He et al.when E. faecalis was co-cultivated with the whole cultivable
oral flora (Fig. 4). Similar results were obtained for S.
salivarius 57.I, an oral representative strain carrying a
kanamycin resistance marker, which suffered the most
drastic reduction in its viable count when co-cultivated with
the whole cultivable intestinal community (Fig. 5).
Spent Medium of Oral and Intestinal Microbial
Communities Did Not Have a Killing Effect on Bacterial
Isolates of Foreign Origin
The bacterial community integration assay showed that all
the tested bacterial isolates were able to integrate into their
own original community, while suffering inhibitory effects
when grown in the presence of foreign microbial flora. One
probable explanation for the observed inhibitory effect
could be simply due to the accumulation of certain toxic
metabolites released by the community during its growth.
To test this possibility, the original oral isolate S. salivarius-
OI101 and the intestinal isolate E. faecalis-II100 were
inoculated into the spent media of oral and intestinal
communities, and their viability was monitored every 48 h
over a 4-day time period. Both strains persisted well in the
spent media of both oral and intestinal flora throughout the
experimental period (Supplemental Fig. 1) indicating that
the individual microflora did not accumulate toxic metab-
olites under the test condition.
Discussion
Extensive studies have been performed to reveal the
microbial diversity in human oral cavity and intestinal
tract, two important microbial habitats along the human GI
tract [1, 12, 30, 42]. So far, more than a thousand distinct
species or phylotypes have been recovered from the human
intestinal tract [31, 41, 42], while over 700 species have
been identified from human oral cavity based on traditional
cultural studies and culture-independent molecular studies
[1, 29, 30]. Even though both the oral cavity and the
intestinal tract are part of the human GI tract and most
intestinal microbes may initially enter through the oral
cavity, recent microbial community analysis showed that
the two habitats share surprisingly few bacterial species
[25, 29, 31]. This raised an interesting and fundamental
question: How are these peculiar microbial communities
established and what are the underlying mechanisms in
maintaining the existing microflora?
A critical role for host factors in shaping the GI tract-
associated endogenous microbial communities has previ-
ously been implicated [19]. Reciprocal gut microflora
transplants from Zebrafish and mice to germ-free recipients
by Rawls et al. established that the transplanted microfloras
are similar to the community of origin [33]. However,
the relative richness of the lineages shifted toward the
composition of the normal intestinal microflora in the
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Figure 5 Inhibitory effect of intestinal communities with different
biodiversity on the oral representative strain, S. salivarius-57.I. S.
salivarius strain was co-cultivated with a pelleted community
including either single intestinal isolates (L. animalis and E. faecalis),
a subset of cultivable intestinal flora including L. animalis, E. faecalis,
E. coli, and B. caccae, or the whole cultivable intestinal microbial
flora at a 1:10 ratio in cell numbers. The viability count of S.
salivarius and total intestinal bacteria community was monitored
every 48 h. The data were expressed as percentage of viable count of
S. salivarius in respect to the total viable count of intestinal bacteria.
Black bar represents the percentage of S. salivarius/L. animalis
counts; dark gray bar represents the percentage of S. salivarius/E.
faecalis count; light gray bar represents the percentage of S.
salivarius/sub-intestinal flora count; and white bar represents the
percentage of S. salivarius/whole intestinal community count. Three
replicates were performed for each viability count assay. Average
values±SD are shown. Star indicates that the value obtained for this
time point is significantly lower than at day 0 (P<0.05)
Interactions between Different Microfloras 673recipient, thus convincingly demonstrating the host habitat
selection on the intestinal tract-associated microbial commu-
nity [33]. The same principle could apply to the microbiota
associated with different parts of the human GI tract.
Different micro-environments along the GI tract (local
anatomical structures, nutrient availability, and host immune
reaction) could exert selective pressure on the microbes
which result in the distinct microbial communities.
Whilethelocalhostandnutritionalfactorscouldcontribute
significantlytothemicrobialcompositionsindifferentpartsof
the GI tract, we hypothesized that the existing microbial flora
plays a role in selecting the bacterial species that can be
integrated into the community independent of host factors. To
test this hypothesis, we established an in vitro system
comprised of cultivable microbial flora isolated from two
distinct niches along the GI tract of mice, the oral cavity and
intestinal tract. One of the limitations of studying microbial
community using culture-based methods is the often under-
represented microbial composition in cultivable microbes
compared to the original samples [38]. Due to this limitation,
the in vitro system we established in this study using BHI-
cultivable microbial species can only represent small subsets
of the two distinct microbiotas along the mice GI tract.
Nevertheless, culture-dependent methods are indispensable
in providing valuable information, including both phenotypic
and genetic characterization of individual bacteria, as well as
new physiological functions prompted by the interactions
among different microbial community inhabitants. Our in
vitro study using two cultivable microbial sub-communities
allowed a glimpse into the intriguing dynamic interactions
between the microbial floras associated with oral cavity and
intestinal tract of mice.
16S rDNA-based PCR-DGGE analysis revealed distinct
microbial patterns within the two cultivable communities
(Fig. 1). Staphylococcus spp., Streptococcus spp., and
Lactobacillus spp. are among the most dominant genera
recovered from the oral samples of mice, while Enterococ-
cus spp., E. coli,a n dLactobacillus spp. were most
frequently cultivated from the corresponding intestinal
tracts. These results correlated well with previous
cultivation-based microbial community analyses of the GI
tract-associated microbiota of mice [4, 34].
The in vitro community competition assay revealed an
intriguing antagonistic action between cultivable oral and
intestinal sub-floras. Depending on the sequence of inocu-
lation, the established pre-existing microbial community
always exhibited a survival advantage and exerted inhibi-
tory effects on the members of the incoming flora of
different origin (Fig. 1). In environmental ecosystems,
community level competition is a relatively rare event and
only occurs when natural barriers break down [40].
However, when this happens, one community may overtake
a second community, causing all or most of its members to
go extinct [40]. Furthermore, pre-existing communities
develop invasion resistance over time, which enhances
their ability to defend their habitats [6, 35]. The behavior of
the two distinct communities tested in this study is
consistent with these observations. The original isolates
and their closely related strains tested persisted well in their
original community and were inhibited when grown
together with the microbial community of different origin
(Figs. 2 and 3). In environmental ecology, it has been
shown that isolated communities often interact by sending
“invasion propagules” between one another. Such small-
scale probes, however, often had no permanent effect on the
communities due to the invasion resistance developed in the
communities and were regarded as one of the mechanisms
in maintaining the stability of the community [6, 35].
Although most of the current invasion resistance concepts
are derived from non-microbial ecosystem, the same
principle could apply to the microbial world. Our in vitro
data are in agreement with above ecological phenomenon,
suggesting that the dynamics among members from the
same community could contribute to the invasion resis-
tance, thus play an important role in maintaining the
structure and stability of the community.
The maximum inhibitory effect toward foreign bacteria
was achieved when the whole cultivable community was
used, suggesting a community-based antagonistic action
(Figs. 4 and 5). This is in agreement with observation in
other ecosystems where species-rich communities are more
resistant to invasion by exotics than species-poor commu-
nities [13]. Our in vitro oral and intestinal community
comprised of at least 20 and 18 different bacterial species,
respectively. The members derived from the same micro-
flora are likely to have co-evolved and therefore have
experienced extensive interactions with each other and built
certain coordinated relationships among themselves [17].
This might contribute to the community invasion resistance
by initiating a series of defense responses through syner-
gistic interactions among the endogenous residents when
foreign bacterial invaders are encountered. Our observation
is corroborated by similar phenomena that have been
reported for other microbial communities. The microbial
community isolated from the surface of the marine alga
Ulva australis was demonstrated to interact synergistically
in biofilms and resist foreign bacterial invasion to a greater
extent than single-species biofilms [5]. Furthermore, the
result of the spent medium assay indicates that the
antagonistic effects toward foreign bacteria are unlikely
due to the accumulation of toxic metabolites from the
respective communities (Supplementary Fig. S1) but rather
the result of more active processes involving interactions
between foreign bacteria and community members.
Clearly, this newly established inter-flora interaction
system is just a starting point and far from being a perfect
674 X. He et al.system. Since only a small sub-population of oral and
intestinal communities can be recovered by cultivation, the
data obtained in this study cannot entirely represent the real
situation in the host. Nevertheless, we were able to
consistently observe community-based antagonistic actions
toward foreign bacteria even under the same nutritional
conditions independent of host environment. Similar results
were obtained for another major intestinal representative
species E. coli (see the accompanying manuscript He et al.
2010). Taking advantage of the well-understood genetic
background and pre-established mutant collections in E.
coli, we were able to reveal the molecular mechanism
underlying the observed phenomenon.
From an evolutionary and ecological point of view, the
GI tract represents a complex ecosystem with several
distinct microbial habitats, such as the oral cavity and
intestinal tract. The microbial diversity within each habitat
is the result of co-evolution between microbial communities
and their specific host factors, and the actual events of
community establishment and maintenance often involve a
series of microbial intra-, interspecies, and microbe–host
interactions. While host factors could be the key determi-
nants for establishing the GI tract-associated microbial
community structure, our in vitro analyses of cultivable
mice oral and intestinal microbial communities suggested
an important role of the dynamics within a given microbial
flora in shaping and maintaining the existing communities.
The observed inhibitory effect toward foreign bacteria
could contribute to the protective/probiotic effect of
established microbial communities within the GI tract and
play a significant role in fending off potential pathogens
which would be recognized as foreign.
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